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Clinical PerspectiveWhat Is New?Tension applied to thoracic aortic rings resulted in the acute reduction in miR‐133a.Mechanical tension in the form of biaxial cyclic stretch applied to isolated primary aortic fibroblasts and smooth muscle cells revealed that fibroblasts preferentially responded to mechanical tension, resulting in the acute reduction of miR‐133a.Tension‐dependent loss of miR‐133a in fibroblasts was mediated through exosome secretion.Elevated blood pressure (increased wall tension) was sufficient to induce the loss of miR‐133a from the descending thoracic aorta (mouse models) and was associated with increased plasma levels of miR‐133a (mouse models and human plasma).What Are the Clinical Implications?Increased vascular wall tension (hypertension) is a stimulus driving the loss of miR‐133a in the thoracic aorta.These results identified a specific tension‐sensitive mechanism by which miR‐133a was reduced in a cell type that plays a key role in adverse vascular remodeling (thoracic aortic fibroblasts).

Introduction {#jah33746-sec-0008}
============

Alterations in microRNA abundance have been associated with multiple cardiovascular diseases, and although much effort has been directed toward understanding their role in modulating key cellular targets, less is known about how microRNA abundance is regulated within the cell. Previously, this laboratory identified that several microRNAs, including miR‐1, miR‐21, miR‐29a, miR‐486, miR‐720, and miR‐133a, were reduced in ascending aortic tissue from patients with thoracic aortic aneurysm (TAA).[1](#jah33746-bib-0001){ref-type="ref"} Many of these microRNAs, including miR‐133a, displayed an inverse linear correlation with aortic diameter, such that, as diameter increased, the abundance of miR‐133a was reduced; however, the underlying mechanisms responsible for this observation remained to be determined. On the basis of the fundamentals of the Law of Laplace, we know that vessel wall tension is dependent on the relationship between pressure and diameter (wall tension equals pressure multiplied by diameter). Accordingly, during aneurysm formation, wall tension increases as the aorta dilates, and this may play a role in determining microRNA levels in the thoracic aorta (TA). Therefore, this study sought to determine a mechanism responsible for the reduction of miR‐133a and tested the hypothesis that elevated wall tension induces the loss of miR‐133a from the TA.

The importance of miR‐133a in the regulation of extracellular matrix (ECM) remodeling in cardiovascular tissue is becoming increasingly recognized. Care et al demonstrated, in a murine model of cardiac hypertrophy, that miR‐133a was reduced in the left ventricular myocardium after transverse aortic arch constriction and that in vivo knockdown of miR‐133a (using anti‐miR‐133a) alone was sufficient to induce cardiac hypertrophy.[2](#jah33746-bib-0002){ref-type="ref"} Similarly, Torella et al demonstrated miR‐133a was reduced in the carotid artery after balloon distension injury in a rat model.[3](#jah33746-bib-0003){ref-type="ref"} More important, they demonstrated that systemic overexpression of miR‐133a by adenovirus attenuated postinjury remodeling, in contrast to miR‐133a knockdown (using an anti‐miR‐133a oligonucleotide), which enhanced postinjury remodeling. Data from these studies emphasize the key role that miR‐133a plays in cardiovascular remodeling and suggest that loss of miR‐133a--mediated translational control likely contributes to the pathologic changes that were observed in our studies during aneurysm formation.

Furthermore, multiple validated targets of miR‐133a have been demonstrated to play key roles in vascular pathologic characteristics. First, miR‐133a targets transforming growth factor (TGF)‐β,[4](#jah33746-bib-0004){ref-type="ref"} which is elevated in TAA tissue, induces connective tissue growth factor expression, alters fibroblast phenotype, and causes apoptosis in smooth muscle cells (SMCs). Second, miR‐133a targets TGF‐β receptor II,[4](#jah33746-bib-0004){ref-type="ref"} which is elevated in TAA tissue, and with the concomitant decline in TGF‐β receptor‐I, shifts TGF‐β ligand signaling toward the Activin Receptor‐Like Kinase 1 (ALK‐1), pathway activating the sma‐related + Mothers Against Decapentaplegic Homolog 1, 5, or 8 (SMAD 1/5/8) pathway, which induces a profile of gene expression resulting in matrix degradation.[5](#jah33746-bib-0005){ref-type="ref"} Third, miR‐133a targets connective tissue growth factor,[6](#jah33746-bib-0006){ref-type="ref"} which is elevated in TAA tissue and also contributes to changes in fibroblast phenotype. Fourth, miR‐133a targets collagen 1a1, a major component of the aortic ECM.[7](#jah33746-bib-0007){ref-type="ref"} Finally, miR‐133a targets membrane type‐1 matrix metalloproteinase (MMP),[8](#jah33746-bib-0008){ref-type="ref"} which is elevated in TAA tissue, degrades components of the ECM, activates other MMPs, such as MMP‐2, and directly releases ECM‐bound cytokines, including TGF‐β. In addition to the above listed direct targets of miR‐133a, it is apparent that miR‐133a may have the capacity to regulate multiple pathways involved in complex pathologic features, increasing the significance of the loss of miR‐133a observed in the development of TAA. Accordingly, understanding the mechanisms that regulate miR‐133a cellular abundance is essential and may provide insight into potential therapeutic targets.

The current report identifies increased wall tension (hypertension) as a stimulus driving the loss of miR‐133a in TA tissue. The effects of tension were examined on the transcription of miR‐133a, the levels of cellular exoribonucleases, and the cellular export of miR‐133a via exosomes. The unique findings of this study propose a novel mechanism by which increased mechanical tension reduces miR‐133a abundance via exosome secretion from aortic fibroblasts, a cell type believed to play a major role in managing pathologic remodeling.[9](#jah33746-bib-0009){ref-type="ref"}, [10](#jah33746-bib-0010){ref-type="ref"}

Methods {#jah33746-sec-0009}
=======

The data, analytic methods, and study materials will be made available to other researchers on request for purposes of reproducing the results or replicating the procedures.

Ex Vivo TA Tension Application {#jah33746-sec-0010}
------------------------------

Animal care and surgical procedures were approved by the Medical University of South Carolina Institutional Animal Care and Use Committee (AR3380) and performed in accordance with the National Institutes of Health *Guide for the Care and Use of Laboratory Animals*. Wild‐type C57BL/6 mice (10--16 weeks of age; Envigo) underwent thoracotomy, and the descending TA was harvested (n=7; 4 males/3 females). Endothelial‐intact aortic tissue segments were cut transversely into rings of ≈3 mm in length, which were suspended on parallel wires, and bathed in an oxygenated physiologic salt solution (Krebs‐Henseleit solution) in a tissue myograph. Aortic segments were maintained at an experimentally derived optimal tension (normotension; 0.7 g, ≈70 mm Hg equivalent) or elevated tension (1.5 g, ≈150 mm Hg equivalent) for 3 hours using methods previously described.[11](#jah33746-bib-0011){ref-type="ref"}, [12](#jah33746-bib-0012){ref-type="ref"} Aortic segments were also held at 0.7 g and then treated with or without 100 nm angiotensin II (AngII; A9525; Sigma) and allowed to develop tension by contracting against immobilized parallel wires for 3 hours; the peak tension generated was recorded (n=8; 4 males/4 females).

Cell Culture {#jah33746-sec-0011}
------------

The descending TA from wild‐type C57BL/6 mice (10--16 weeks of age; Envigo) was extracted, and primary fibroblast or SMC cultures were established as described previously (n=8; 4 males/4 females).[13](#jah33746-bib-0013){ref-type="ref"}, [14](#jah33746-bib-0014){ref-type="ref"} The isolated fibroblasts were maintained in a fibroblast‐specific growth medium (fibroblast growth media 2 with added supplemental pack containing 2% fetal calf serum; C‐23020; PromoCell, Heidelberg, Germany) with an additional 10% fetal bovine serum (FBS; Gibco; catalog No. 1600) added. The isolated SMCs were maintained in SMC‐specific growth medium (SMC Growth Medium 2 with added supplemental pack containing 5% fetal calf serum; C‐22062; PromoCell). All primary cultures were maintained at 37°C in a humidified 5% CO~2~/95% air atmosphere. Primary fibroblasts and SMCs were used between passages 2 and 10.

Primary Cell Biaxial Cyclic Tension Application and AngII Stimulation {#jah33746-sec-0012}
---------------------------------------------------------------------

Fibroblasts or SMCs were seeded at a density of 5000 cells per cm^2^ onto an amino‐coated Bioflex‐6 well plate (BF‐3001A; Flexcell International Corporation, Burlington, NC), and allowed to adhere overnight. Culture medium was then replaced with fresh complete medium containing exosome‐depleted FBS (10%; System Biosciences) with or without AngII (100 nmol/L; A9525; Sigma). To inhibit exosome secretion, fibroblasts were pretreated with an inhibitor of neutral sphingomyelinase, GW4869 (20 nmol/L, 24 hours; D1692; Sigma‐Aldrich, St Louis, MO). After the 24‐hour treatment, cells were rinsed with PBS and the appropriate culture medium was replaced. Culture plates were then held static (control) or subjected to 12% biaxial cyclic stretch, at a rate of 1 Hz, mimicking a myocardial‐derived amplitude and waveform in a Flexcell culture system (FX5000; Flexcell International Corporation).

Determination of mRNA Expression and microRNA Abundance by Quantitative Polymerase Chain Reaction {#jah33746-sec-0013}
-------------------------------------------------------------------------------------------------

Total RNA was extracted using TRIzol Reagent (Thermo Fisher Scientific; catalog No. 15596026) and quantified by NanoDrop 2000 (Thermo Fisher Scientific). For cellular (fibroblasts or SMCs) and tissue (TA) microRNA quantitation, single‐stranded cDNA was synthesized from 100 ng total RNA. Mature miR‐133a levels were standardized to total RNA by methods previously described.[15](#jah33746-bib-0015){ref-type="ref"} Exosomal microRNA was quantified from precipitated exosomes (ExoQuick‐TC; System Biosciences, Inc; catalog No. EXOTC50A‐1; from 5 mL of cell medium conditioned for 18 hours). Circulating microRNA quantities were similarly measured from total RNA isolated from 250 μL of serum. MicroRNA cDNA synthesis and polymerase chain reaction quantitation were performed using the miR‐133a TaqMan microRNA Assay (Thermo Fisher; catalog No. 002246‐4427975), according to the manufacturer\'s instructions. Primary microRNA expression was determined by reverse transcription of 1 μg total RNA using the High Capacity RNA‐to‐cDNA kit (Thermo Fisher Scientific; catalog No. 4392339), followed by quantitation using the ThermoFisher primary‐microRNA analysis kit (primary miR‐133a‐1: Mm03306281_pri, and primary miR‐133a‐2: Mm03307401_pri; catalog No. 4427012). For ribonuclease gene expression analysis, total RNA (1 μg) was reverse transcribed with the iScript cDNA Synthesis Kit (170‐8891; Bio‐Rad, Hercules, CA). Each cDNA was amplified with gene‐specific TaqMan expression assays (5′‐3′ Exoribonuclease (XRN‐1): Mm00496326_m1, 5′‐3′ Exoribonuclease (XRN‐2): Mm00457212_m1, Exosome Component 4; 3′‐5′ Exoribonuclease (EXOSC4): Mm00615045_g1, and GAPDH: Mm99999915_g1; Applied Biosystems). Quantitative polymerase chain reactions were performed on a Bio‐Rad CFX96 Real‐Time System. All samples were tested in duplicate and averaged. The relative expression of each mRNA and primary microRNA was calculated and normalized to GAPDH (used as an internal control), using the comparative cycle threshold (CT) method. Relative expression intensity values were calculated as 2^−ΔCT^, in which ΔCT are CT values normalized to the reference control.

Immunoblot Analysis {#jah33746-sec-0014}
-------------------

Relative abundance levels of XRN1, XRN2, ExoSC4, and β‐actin were determined by immunoblotting. Briefly, 20 μg of each aortic fibroblast homogenate was fractionated on a 4% to 12% bis‐tris gradient gel. The proteins were transferred to nitrocellulose membranes (0.45 μm; Bio‐Rad) and incubated in 5% nonfat dry milk containing antisera specific for XRN1 (1 μg/mL; Thermo Fisher Scientific; PA5‐41888), XRN2 (1:1000; Thermo Fisher Scientific; PA5‐38789), ExoSC4 (5 μg/mL; Thermo Fisher Scientific; PA5‐41890), or β‐actin (1:10 000; Biovision Inc; 3662‐100). A secondary peroxidase‐conjugated antibody (primary antibody, species specific) was applied (1:5000; 5% nonfat dry milk), and signals were detected with a chemiluminescent substrate (Western Lighting Chemiluminescence Reagent Plus; PerkinElmer, San Jose, CA) and recorded on film. Band intensity was quantified using Gel‐Pro Analyzer, version 3.1.14 (Media Cybernetics, Silver Spring, MD).

Exosome Precipitation and Quantitation {#jah33746-sec-0015}
--------------------------------------

Fibroblasts were maintained in growth media containing exosome‐depleted FBS (10%) and exposed to 12% biaxial cyclic tension, as before. After 18 hours, the culture medium was collected and centrifuged at 3000*g* for 15 minutes to remove cells and cell debris. Supernatant (5 mL) was transferred to a separate tube and exosomes were precipitated, as described above. Relative exosome abundance was compared using acetylcholinesterase activity as a surrogate for exosome number, as previously described.[16](#jah33746-bib-0016){ref-type="ref"} The incubation was performed at 37°C for 30 minutes, and the change in absorbance was measured at 412 nm on a Spectramax M3 (Molecular Devices).

Murine Models of Hypertension {#jah33746-sec-0016}
-----------------------------

Two distinct murine models of hypertension were used. First, a well‐established model of AngII infusion by osmotic minipump (Alzet; model 2004, providing continuous infusion for 28 days; 1.46 mg/kg per day) was used; and second, a commercially available, spontaneously hypertensive mouse strain (BPH/2J (BPH2); Jackson Laboratories; C57BL/6 background; catalog No. 003005), in which elevated blood pressure can be measured as early as 5 weeks of age, while peaking at 21 weeks, was used. The corresponding normotensive strain (BPN/3J (BPN3); Jackson Laboratories; C57BL/6 background; catalog No. 003004) was used as a control for exosome measurements and blood pressure determination using a noninvasive tail‐cuff system (CODA; Kent Scientific Corporation, Torrington, CT).

Human Subjects {#jah33746-sec-0017}
--------------

Informed consent was obtained for all patients before blood/plasma collection, and analysis of patient plasma was approved by each respective Institutional Review Board of the collection centers involved. The inclusion/exclusion criteria for all subjects were previously described.[17](#jah33746-bib-0017){ref-type="ref"} Control patients fulfilled the inclusion criteria, and they did not have a medical history of hypertension. Hypertensive patients fulfilled the inclusion criteria, they had a documented history of hypertension and left ventricular hypertrophy in their electronic medical record, and all were receiving antihypertensive medications at the time of blood/plasma collection. No patient included in this study had evidence of heart failure, as specified by the criteria defined by the European Society of Cardiology and the Heart Failure Society of America.[18](#jah33746-bib-0018){ref-type="ref"}, [19](#jah33746-bib-0019){ref-type="ref"}

Statistical Analysis {#jah33746-sec-0018}
--------------------

Statistical tests were performed using STATA (Intercooled STATA v8.2, College Station, TX) and SAS Statistics. The sample sizes for all experiments performed in this project were calculated by power analysis using SigmaPlot, version 14. For ex vivo studies, sample sizes were based on initial analysis comparing the primary readouts between experimental groups (aortic tissue miR‐133a levels), and power calculations using a *t* test model were completed assuming a 69.1% difference in means between groups with a pooled SD (across both groups) of 28.3%. To provide hypothesis testing at a desired power of 0.95 with an α level of 0.05, the sample sizes for tissue analyses were determined to be a minimum of 6 samples per group. For in vitro studies, sample sizes were based on initial analysis comparing the primary readouts between experimental groups (fibroblast miR‐133a levels), and power calculations using a *t* test model were completed assuming a 78.9% difference in means between groups with a pooled SD of 28.2%. To provide hypothesis testing at a desired power of 0.95 with an α level of 0.05, the sample sizes for cell culture analyses were determined to be a minimum of 5 samples per group. For in vivo studies, sample sizes were based on initial analysis comparing the primary readouts between experimental groups (tissue miR‐133a levels), and power calculations using an ANOVA model were completed assuming a 25.5% minimum detectable difference in means with a pooled SD (across all 3 groups) of 7.4%. To provide hypothesis testing at a desired power of 0.95 with an α level of 0.05, the sample sizes for tissue analyses were determined to be a minimum of 5 samples per group. All data were assessed for normality using the Shapiro‐Wilk test. Data sets in Figures [1](#jah33746-fig-0001){ref-type="fig"}, [2](#jah33746-fig-0002){ref-type="fig"}, [3](#jah33746-fig-0003){ref-type="fig"}, [4](#jah33746-fig-0004){ref-type="fig"} through [5](#jah33746-fig-0005){ref-type="fig"} were subjected to 2‐sample *t* tests (unpaired, 2 tailed). Data sets in Figure [6](#jah33746-fig-0006){ref-type="fig"} were subjected to a 1‐way ANOVA, followed by pairwise comparison of means by the Ryan/Einot‐Gabriel/Welsch method. Data for Figure [6](#jah33746-fig-0006){ref-type="fig"}B and [6](#jah33746-fig-0006){ref-type="fig"}C were plotted and analyzed as log of miR‐133a expression values using methods described by Schmittgen and Livak.[20](#jah33746-bib-0020){ref-type="ref"} Data sets in Figure [7](#jah33746-fig-0007){ref-type="fig"} were subjected to 2‐sample *t* tests (unpaired, 2 tailed). Data in Table [1](#jah33746-tbl-0001){ref-type="table"} are presented as mean and SD. In Table [2](#jah33746-tbl-0002){ref-type="table"}, a Fisher\'s exact test was performed on sex and ethnicities. Data were expressed as fold change from control values, unless otherwise stated in the figure legend. Data are represented as mean±SEM in the text. In the figures, data are represented in dot plots with the mean and SEM shown next to each group. *P*\<0.05 was considered to be statistically significant.

![Effects of ex vivo mechanical tension on miR‐133a levels in thoracic aortic rings. Descending aortas from wild‐type C57BL/6 mice were transversely cut into 3‐mm rings and suspended in a tissue myograph on parallel wires in oxygenated Krebs‐Henseleit solution. **A**, miR‐133a abundance in aortic rings held at 0.7 g (normotension; Control, n=7) or with 1.5 g applied tension (Tension, n=7) for 3 hours. **B**, Peak‐developed tension (grams) in aortic rings held at normotension (0.7 g) in the absence (Control, n=8) or presence of 100 nmol/L angiotensin II (AngII, n=8) for 3 hours. **C**, Effect of developed tension on miR‐133a abundance in aortic rings held at normotension (0.7 g) in the absence (Control, n=8) or presence of 100 nmol/L AngII (AngII, n=8). **A** through **C**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). \**P*\<0.05 vs control.](JAH3-8-e010332-g001){#jah33746-fig-0001}

![Effects of mechanical tension and angiotensin II (AngII) on miR‐133a levels in isolated thoracic aortic fibroblasts and smooth muscle cells. Aortic fibroblasts and smooth muscle cells were isolated from the descending aortas from C57BL/6 mice. Each data point represents an independently isolated cell line. **A**, miR‐133a abundance was measured in aortic fibroblast lines after exposure to 3 hours of 12% biaxial cyclic stretch (Tension, n=8) or held static (Control, n=8). **B**, miR‐133a abundance was measured in aortic smooth muscle cell (SMC) lines after exposure to 3 hours of 12% biaxial cyclic stretch (Tension, n=7) or held static (Control, n=7). **C**, miR‐133a abundance was measured in aortic fibroblasts lines treated without (Control, n=8) or with 100 nmol/L AngII (AngII, n=8) for 3 hours. **D**, miR‐133a abundance was measured in aortic SMC lines treated without (Control, n=7) or with 100 nmol/L angiotensin II (AngII, n=7) for 3 hours. **A** through **D**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). \**P*\<0.05 vs control.](JAH3-8-e010332-g002){#jah33746-fig-0002}

![Mechanical tension and transcription of primary miR‐133a‐1 and primary miR‐133a‐2. Total RNA was isolated from each individual cell line, and primary miR‐133a levels were determined by real‐time polymerase chain reaction. **A**, Primary miR‐133a‐1 expression levels in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=8) or held static (Control, n=8) for 3 hours. **B**, Primary miR‐133a‐2 expression levels in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=8) or held static (Control, n=8) for 3 hours. **A** and **B**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). \**P*\<0.05 vs control.](JAH3-8-e010332-g003){#jah33746-fig-0003}

![Mechanical tension and microRNA‐specific ribonuclease mRNA expression and protein abundance. Total RNA or protein was isolated from each independent cell line and examined by real‐time polymerase chain reaction or Western blotting, respectively. **A**,XRN1 mRNA expression levels in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=9) or held static (Control, n=9) for 3 hours. **B**,XRN1 protein abundance and representative immunoblot in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=5) or held static (Control, n=5) for 3 hours. **C**,XRN2 mRNA expression levels in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=9) or held static (Control, n=9) for 3 hours. **D**,XRN2 protein abundance and representative immunoblot in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=5) or held static (Control, n=5) for 3 hours. **E**, ExoSC4 mRNA expression levels in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=9) or held static (Control, n=9) for 3 hours. **F**, ExoSC4 protein abundance and representative immunoblot in aortic fibroblasts exposed to 12% biaxial cyclic stretch (Tension, n=5) or held static (Control, n=5) for 3 hours. **A** through **F**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). No significant differences were observed vs control.](JAH3-8-e010332-g004){#jah33746-fig-0004}

![Mechanical tension and exosome secretion of miR‐133a. Exosomes were precipitated from conditioned culture media from each fibroblast and smooth muscle cell (SMC) line. **A**, Acetylcholinesterase activity was quantitated as a measure of exosome number from each fibroblast line exposed to 12% biaxial cyclic stretch (Tension, n=8) or held static (Control, n=8) for 18 hours. **B**, miR‐133a abundance in exosomes precipitated from the conditioned media of each fibroblast line exposed to 12% biaxial cyclic stretch (Tension, n=7) or held static (Control, n=7) for 18 hours. **C**, miR‐133a abundance in each aortic fibroblast line after exposure to 3 hours of 12% biaxial cyclic stretch in the presence of 20 μmol/L GW4869 (Tension+GW4869, n=8) or held static (Control, n=8). **D**, Acetylcholinesterase activity was quantitated as a measure of exosome number from each SMC line exposed to 12% biaxial cyclic stretch (Tension, n=6) or held static (Control, n=6) for 18 hours. **E**, miR‐133a abundance in exosomes precipitated from the conditioned media of each SMC line exposed to 12% biaxial cyclic stretch (Tension, n=6) or held static (Control, n=6) for 18 hours. **A** through **E**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). \**P*\<0.05 vs control.](JAH3-8-e010332-g005){#jah33746-fig-0005}

![Mean arterial blood pressure and miR‐133a levels in thoracic aortic tissue and plasma from 2 murine models of hypertension. **A**, Mean arterial blood pressure assessed by noninvasive tail cuff, in control mice (Control, n=12), angiotensin II (AngII)--induced hypertensive mice (AngII, n=12), and spontaneously hypertensive mice (BPH2, n=12). **B**, miR‐133a abundance in thoracic aortic tissue from control mice (Control, n=12), Ang II‐induced hypertensive mice (AngII, n=12), and spontaneously hypertensive mice (BPH2, n=16). **C**, Plasma miR‐133a abundance in control mice (Control, n=6), AngII‐induced hypertensive mice (AngII, n=6), and spontaneously hypertensive mice (BPH2, n=8). **A** through **C**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 1‐way ANOVA, followed by pairwise comparison of means by the Ryan/Einot‐Gabriel/Welsch test. \**P*\<0.05 vs control; ^\#^ *P*\<0.05 vs AngII.](JAH3-8-e010332-g006){#jah33746-fig-0006}

![Mean arterial blood pressures and plasma levels of miR‐133a in clinical specimens. **A**, Patient mean arterial blood pressures assessed at time of plasma collection in normotensive (n=12) and hypertensive (n=11) patients. **B**, Plasma miR‐133a abundance in normotensive (n=12) and hypertensive (n=11) patients. **A** and **B**, Data are represented in dot plots with the mean and SEM shown next to each group. Comparisons were made using a 2‐sample *t* test (unpaired, 2 tailed). \**P*\<0.05 vs control.](JAH3-8-e010332-g007){#jah33746-fig-0007}

###### 

Murine Blood Pressure

  Group            Blood Pressure, mm Hg   MAP, mm Hg                       
  ---------------- ----------------------- ------------ ----- ------- ----- -------
  Control (n=12)   148                     9.76         108   9.08    121   8.97
  AngII (n=12)     199                     14.05        155   11.36   170   12.11
  BPH2 (n=12)      187                     9.38         146   11.06   160   10.30

Murine systolic, diastolic, and calculated MAP blood pressure levels were assessed by noninvasive tail cuff, in 3 groups. Data are presented as mean and SD in the 3 groups of mice used in these studies. AngII indicates angiotensin II--induced hypertensive mice; BPH2, spontaneously hypertensive mice; Control, control mice; MAP, mean arterial pressure.

###### 

Patent Demographics

  Demographics                      Normotensive (n=12)   Hypertensive (n=11)   *P* Value
  --------------------------------- --------------------- --------------------- -----------
  Male sex, %                       25                    27                    1.000
  Black race, %                     8                     27                    1.000
  Age, y                            63±4                  65±3                  0.193
  Heart rate, bpm                   68±9                  70±12                 0.654
  Body surface area, m^2^           1.76±0.26             2.03±0.18             0.009
  Walk in 6 min, m                  396.8±51.4            386.6±45.3            0.620
  Systolic blood pressure, mm Hg    122±9                 131±9                 0.026
  Diastolic blood pressure, mm Hg   72±8                  80±6                  0.014
  Mean arterial pressure, mm Hg     89±8                  97±6                  0.014

Demograpical information of patients included in these studies. Data are presented as mean±SD, unless otherwise indicated. A Fisher\'s exact test was performed on sex and ethnicities, and *P* values were determined using the method of summing small *P* values. For all other categories, pairwise comparisons were made using 2‐sample *t* tests. All *P* values are displayed. Bpm indicates beats per minute.

Results {#jah33746-sec-0019}
=======

Increased Mechanical Tension Reduces miR‐133a in TA Tissue {#jah33746-sec-0020}
----------------------------------------------------------

To determine the effects of elevated applied tension on miR‐133a levels, intact murine TA segments (rings) harvested from wild‐type, normotensive mice were hung on parallel wires in an ex vivo tissue myograph. Control TA segments were held at a previously determined level of tension (0.7 g) that approximates in vivo normotension (mean arterial pressure \[MAP\], ≈70 mm Hg).[11](#jah33746-bib-0011){ref-type="ref"}, [12](#jah33746-bib-0012){ref-type="ref"} To simulate elevated wall tension (hypertension), an increased amount of tension (1.5 g, MAP, ≈150 mm Hg) was applied directly to the aortic segments for 3 hours. The abundance of miR‐133a was reduced in response to increased applied tension compared with control segments (0.31±0.08‐ versus 1.0±0.25‐fold expression; *P*\<0.05 versus control; n=7) (Figure [1](#jah33746-fig-0001){ref-type="fig"}A).

Similarly, to examine the role of developed tension on miR‐133a abundance, TA rings from wild‐type, normotensive mice were exposed to 100 nmol/L AngII for 3 hours in an ex vivo tissue myograph. AngII‐dependent vessel contraction increased developed wall tension compared with rings treated with vehicle alone (1.51±0.15 versus 0.73±0.03 g tension; *P*\<0.05 versus control; n=8) (Figure [1](#jah33746-fig-0001){ref-type="fig"}B). In response, the AngII‐induced contraction resulted in a reduction in miR‐133a abundance compared with noncontracting rings treated with sterile PBS (vehicle) alone (0.42±0.09‐ versus 1.0±0.22‐fold expression; *P*\<0.05 versus control; n=8) (Figure [1](#jah33746-fig-0001){ref-type="fig"}C).

Increased Mechanical Tension Results in Reduced miR‐133a Abundance in Isolated TA Fibroblasts {#jah33746-sec-0021}
---------------------------------------------------------------------------------------------

When isolated aortic fibroblasts and SMCs were exposed to mechanical tension in the form of biaxial cyclic stretch, miR‐133a abundance was reduced in stretched fibroblasts compared with static fibroblast controls (0.21±0.02‐ versus 1.0±0.27‐fold expression; *P*\<0.05 versus control; n=8) (Figure [2](#jah33746-fig-0002){ref-type="fig"}A). Interestingly, no change in miR‐133a abundance was observed in stretched SMCs (0.98±0.43‐ versus 1.0±0.12‐fold expression; *P*=0.46 versus control; n=7) (Figure [2](#jah33746-fig-0002){ref-type="fig"}B). These findings suggested that the reduction in mature miR‐133a abundance observed in aortic tissue segments exposed to elevated tension may have been attributable to a reduction of miR‐133a in the aortic fibroblasts.

To confirm that the loss of miR‐133a was independent of AngII receptor signaling, isolated primary aortic fibroblasts and SMCs were exposed to 100 nmol/L AngII for 3 hours. No change in miR‐133a was observed in fibroblasts (1.20±0.52‐ versus 1.0±0.27‐fold expression; *P*=0.62 versus control; n=8) (Figure [2](#jah33746-fig-0002){ref-type="fig"}C) or SMCs (1.14±0.26‐ versus 1.0±0.11‐fold expression; *P*=0.69 versus control; n=7) (Figure [2](#jah33746-fig-0002){ref-type="fig"}D). These findings confirmed that the alterations in miR‐133a abundance observed in the aortic ring segments was likely attributable to the direct effects of mechanical tension on the fibroblasts within the aortic wall rather than AngII‐mediated receptor signaling.

Mechanical Tension Does Not Reduce Transcription of miR‐133a in TA Fibroblasts {#jah33746-sec-0022}
------------------------------------------------------------------------------

To determine the mechanism of tension‐induced loss of miR‐133a, primary miR‐133a transcript levels (primary miR‐133a‐1 and primary miR‐133a‐2) were measured in isolated aortic fibroblasts after biaxial cyclic stretch. The expression of primary miR‐133a‐1 did not change in response to mechanical stretch (1.14±0.33‐ versus 1.0±0.26‐fold expression; *P*=0.62 versus control; n=8) (Figure [3](#jah33746-fig-0003){ref-type="fig"}A), whereas the expression of primary miR‐133a‐2 increased in response to stretch (2.0±0.44‐ versus 1.0±0.21‐fold expression; *P*\<0.05 versus control; n=8) (Figure [3](#jah33746-fig-0003){ref-type="fig"}B). The results suggested that the tension‐induced loss of miR‐133a occurred posttranscriptionally.

Increased Mechanical Tension Does Not Alter the Expression or Abundance of MicroRNA‐Specific Exoribonucleases in TA Fibroblasts {#jah33746-sec-0023}
-------------------------------------------------------------------------------------------------------------------------------

Although mature microRNAs are not likely substrates for most endoribonucleases,[21](#jah33746-bib-0021){ref-type="ref"}, [22](#jah33746-bib-0022){ref-type="ref"} they do possess unprotected 5′ and 3′ ends, making them susceptible to degradation by specific exoribonucleases.[23](#jah33746-bib-0023){ref-type="ref"}, [24](#jah33746-bib-0024){ref-type="ref"} Three exoribonucleases that are capable of degrading microRNAs have been identified: XRN‐1,[25](#jah33746-bib-0025){ref-type="ref"} XRN‐2,[25](#jah33746-bib-0025){ref-type="ref"}, [26](#jah33746-bib-0026){ref-type="ref"} and ExoSC4.[23](#jah33746-bib-0023){ref-type="ref"} To examine whether mechanical tension induced these exoribonucleases, mRNA expression and protein levels were measured in isolated aortic fibroblasts after application of biaxial cyclic stretch. Neither the mRNA expression nor protein abundance of any of these exoribonucleases was changed compared with static fibroblasts: XRN‐1 mRNA: 1.44±0.29‐ versus 1.0±0.47‐fold expression (n=9, *P*=0.197) (Figure [4](#jah33746-fig-0004){ref-type="fig"}A); XRN‐1 protein: 0.86±0.14‐ versus 1.0±0.17‐fold abundance (n=9, *P*=0.555) (Figure [4](#jah33746-fig-0004){ref-type="fig"}B); XRN‐2 mRNA: 0.82±0.08‐ versus 1.0±0.42‐fold expression (n=9, *P*=0.286) (Figure [4](#jah33746-fig-0004){ref-type="fig"}C); XRN‐2 protein: 0.93±0.29‐ versus 1.0±0.18‐fold abundance (n=5, *P*=0.851) (Figure [4](#jah33746-fig-0004){ref-type="fig"}D); ExoSC4 mRNA: 0.70±0.07‐ versus 1.0±0.20‐fold expression (n=9, *P*=0.166) (Figure [4](#jah33746-fig-0004){ref-type="fig"}E); and ExoSC4 protein: 1.0±0.09‐ versus 1.0±0.10‐fold abundance (n=5, *P*=0.992) (Figure [4](#jah33746-fig-0004){ref-type="fig"}F). These findings suggested that the tension‐induced loss of miR‐133a in fibroblasts was not mediated by the rapid degradation of mature miR‐133a catalyzed by exoribonuclease activity.

Mechanical Tension Induces Exosome Secretion of miR‐133a {#jah33746-sec-0024}
--------------------------------------------------------

It has been well described that many microRNAs are exported/secreted from cells in exosomes.[27](#jah33746-bib-0027){ref-type="ref"} Exosomes are 30‐ to 100‐nm‐diameter endosomal vesicles that are packaged into multivesicular bodies and secreted on fusion with the plasma membrane. To determine the effects of stretch on exosome secretion, TA fibroblasts were grown on flexible membranes and either held static or exposed to biaxial cyclic stretch in medium containing exosome‐depleted FBS. At the end of 18 hours, the medium was collected and the newly secreted exosomes were precipitated. Acetylcholinesterase is enriched in the lipid bilayer membrane of exosomes, allowing the measurement of acetylcholinesterase activity to be used as a surrogate for the number of exosomes present.[28](#jah33746-bib-0028){ref-type="ref"}, [29](#jah33746-bib-0029){ref-type="ref"} Acetylcholinesterase activity was higher in exosomes precipitated from the medium of fibroblasts exposed to stretch compared with the medium from the static control fibroblasts (1.27±0.04‐ versus 1.0±0.08‐fold acetylcholinesterase activity; *P*\<0.05; n=8) (Figure [5](#jah33746-fig-0005){ref-type="fig"}A). Furthermore, the abundance of miR‐133a was increased in the exosomes collected from the fibroblasts exposed to stretch compared with static controls (1.65±0.28‐ versus 1.0±0.12‐fold expression; *P*\<0.05; n=7) (Figure [5](#jah33746-fig-0005){ref-type="fig"}B). These results demonstrated that biaxial cyclic stretch enhanced TA fibroblast exosome secretion and the loss of cellular miR‐133a.

Previous studies have demonstrated that exosome formation and membrane curvature is dependent on neutral sphingomyelinase 2--mediated hydrolysis of the choline head group, in the conversion of sphingomyelin to ceramide.[30](#jah33746-bib-0030){ref-type="ref"}, [31](#jah33746-bib-0031){ref-type="ref"}, [32](#jah33746-bib-0032){ref-type="ref"} Inhibition of neutral sphingomyelinase 2 with the use of a well‐described noncompetitive inhibitor (GW4869) has been demonstrated to prevent exosome formation and secretion.[30](#jah33746-bib-0030){ref-type="ref"}, [33](#jah33746-bib-0033){ref-type="ref"}, [34](#jah33746-bib-0034){ref-type="ref"}, [35](#jah33746-bib-0035){ref-type="ref"} Accordingly, to demonstrate that the stretch‐induced loss of miR‐133a was mediated by exosome formation and secretion, fibroblasts were exposed to biaxial cyclic stretch in the presence of GW4869. The results demonstrated that inhibition of exosome formation prevented the stretch‐induced secretion of miR‐133a; no change in cellular miR‐133a levels were observed with GW4869 compared with static control (1.02±0.35‐ versus 1.0±0.29‐fold expression; *P*=0.52, n=8) (Figure [5](#jah33746-fig-0005){ref-type="fig"}C). Taken together, these studies suggested that one mechanism by which miR‐133a is lost in response to elevated mechanical tension is through increased packaging and secretion of miR‐133a in exosomes.

To determine the effects of stretch on SMC exosome secretion, TA SMCs were grown on flexible membranes and either held static or exposed to biaxial cyclic stretch in medium containing exosome‐depleted FBS. At the end of 18 hours, the medium was collected and the newly secreted exosomes were precipitated. Acetylcholinesterase activity was similar in exosomes precipitated from the medium of SMCs exposed to stretch compared with the medium from the static control SMCs (0.90±0.12‐ versus 1.0±0.11‐fold acetylcholinesterase activity; *P*=0.21; n=6) (Figure [5](#jah33746-fig-0005){ref-type="fig"}D). Furthermore, the abundance of miR‐133a was similar in the exosomes collected from the SMCs exposed to stretch compared with static controls (1.07±0.26‐ versus 1.0±0.14‐fold expression; *P*=0.86; n=6) (Figure [5](#jah33746-fig-0005){ref-type="fig"}E). These results confirmed that TA SMC exosome secretion of miR‐133a was not affected by biaxial cyclic stretch.

Increased Vessel Wall Tension in Vivo Results in a Reduction of TA Tissue miR‐133a Abundance {#jah33746-sec-0025}
--------------------------------------------------------------------------------------------

To further examine the relationship between wall tension and the in vivo loss of miR‐133a, 2 distinct murine models of hypertension were used. Murine blood pressure measurements were obtained, and relative changes in MAP were measured by tail‐cuff using the CODA system. MAP in wild‐type normotensive mice was determined to be 121.16±2.59 mm Hg (normotensive, n=12). Normotensive mice were treated with AngII (1.44 mg/kg per day) delivered by SC osmotic pump for 28 days. This resulted in an increased MAP to 169.94±3.50 mm Hg (AngII, n=12) (*P*\<0.05 versus normotensive and BPH2) (Figure [6](#jah33746-fig-0006){ref-type="fig"}A and Table [1](#jah33746-tbl-0001){ref-type="table"}). Second, the effects of elevated wall tension on miR‐133a abundance were examined in a spontaneously hypertensive mouse line (BPH2, genetically selected, AngII independent),[36](#jah33746-bib-0036){ref-type="ref"} which displayed an elevated MAP of 159.67±2.97 mm Hg (BPH2; *P*\<0.05 versus normotensive and AngII, n=12) (Figure [6](#jah33746-fig-0006){ref-type="fig"}A and Table [1](#jah33746-tbl-0001){ref-type="table"}). The TA tissue abundance of miR‐133a was reduced in both models of hypertension compared with normotensive control animals (AngII: −7.11±0.04 log expression, n=12, *P*\<0.05 versus control; BPH2: −7.22±0.03 log expression, n=16, *P*\<0.05 versus control; control: −6.97±0.06, n=12) (Figure [6](#jah33746-fig-0006){ref-type="fig"}B). Plasma levels of miR‐133a were subsequently assessed in both hypertensive mouse models. Although miR‐133a abundance was elevated in the plasma of the AngII‐induced mice compared with normotensive controls, they failed to reach statistical significance (−5.86±0.18 log expression, n=6, *P*=0.449). However, miR‐133a levels were significantly increased in the plasma of BPH2 mice (n=8) compared with normotensive control animals (n=6) (BPH2 versus control: −5.49±0.10 versus −6.15±0.20 log expression; *P*\<0.05 versus control) (Figure [6](#jah33746-fig-0006){ref-type="fig"}C). Combined, these results demonstrated that miR‐133a abundance is reduced in TA tissue in response to elevated vessel wall tension. Moreover, circulating plasma levels of miR‐133a were increased.

Circulating miR‐133a Abundance Was Increased in Hypertensive Patients {#jah33746-sec-0026}
---------------------------------------------------------------------

To establish whether there is a relationship between elevated wall tension and circulating levels of miR‐133a in patients, the abundance of miR‐133a was determined in plasma samples collected from patients previously diagnosed with hypertension and compared with normotensive controls (patient demographic information is listed in Table [2](#jah33746-tbl-0002){ref-type="table"}). Blood pressure was measured at the time of blood collection. MAP was significantly elevated in the hypertensive patients (n=11) compared with the normotensive patients (n=12) (97±6 versus 89±8 mm Hg; *P*\<0.05) (Figure [7](#jah33746-fig-0007){ref-type="fig"}A) (blood pressures are listed in Table* * [2](#jah33746-tbl-0002){ref-type="table"}). Moreover, circulating plasma levels of miR‐133a were increased in the hypertensive group (n=11) compared with the normotensive group (n=12) (1.55±0.26‐ versus 1.0±0.18‐fold expression; *P*\<0.05) (Figure [7](#jah33746-fig-0007){ref-type="fig"}B). These results supported the described animal studies and demonstrated that increased MAP was associated with increased plasma levels of miR‐133a.

Discussion {#jah33746-sec-0027}
==========

Previous work from this laboratory demonstrated the abundance of miR‐133a was decreased in aortic tissue from patients with TAA and was inversely proportional to aortic diameter.[1](#jah33746-bib-0001){ref-type="ref"} We hypothesized, on the basis of the Law of Laplace, that elevated wall tension, as experienced with increased aortic diameter, may play a role in regulating miR‐133a cellular abundance. Accordingly, in this study, we examined mechanisms capable of regulating miR‐133a abundance under conditions of elevated wall tension. The unique findings of this study were 4‐fold. First, it was determined that ex vivo tension applied to intact TA rings resulted in a short‐term reduction in tissue miR‐133a abundance. Second, mechanical tension in the form of biaxial cyclic stretch applied to isolated primary aortic fibroblasts and SMCs revealed that fibroblasts preferentially responded to mechanical tension, resulting in the short‐term reduction of miR‐133a abundance. Third, 3 potential mechanisms capable of regulating the cellular abundance of microRNAs were examined, and results demonstrated that tension‐dependent loss of miR‐133a was primarily mediated through exosome secretion. Finally, using 2 in vivo models of hypertension and human plasma samples from normotensive and hypertensive patients, it was determined that elevated blood pressure (increased wall tension) was sufficient to induce the loss of miR‐133a from the descending TA (mouse models) and was associated with increased plasma levels of miR‐133a (mouse models and human plasma). Taken together, these results identified a specific tension‐sensitive mechanism by which miR‐133a was reduced in a cell type that plays a key role in adverse vascular remodeling.

The association between increased wall tension and vascular remodeling, in aortic aneurysm, has been described.[37](#jah33746-bib-0037){ref-type="ref"} In previous results from this laboratory, mechanical tension applied to intact murine TA rings altered gene expression of several key MMPs active in ECM remodeling, specifically MMP‐2 and the membrane type‐1 MMP.[11](#jah33746-bib-0011){ref-type="ref"}, [12](#jah33746-bib-0012){ref-type="ref"} Combined with previous findings suggesting miR‐133a regulates the abundance of membrane type‐1 MMP,[8](#jah33746-bib-0008){ref-type="ref"}, [38](#jah33746-bib-0038){ref-type="ref"} these prior studies provided foundational evidence that justified examination of the role of elevated wall tension on the levels of this microRNA. In this report, it was demonstrated that in as little as 3 hours, applied tension (roughly equivalent to a MAP of ≈150 mm Hg) reduced miR‐133a by ≈70% in TA tissue. This is in agreement with a study by Mohamed and colleagues, who performed a genome‐wide analysis on the dysregulation of microRNA abundance in the thoracic diaphragm of mice after ex vivo application of mechanical tension.[39](#jah33746-bib-0039){ref-type="ref"} Using microarray analysis, the authors demonstrated that multiple microRNAs were affected by the application of mechanical tension relative to control; applied tension increased the abundance of some microRNAs and decreased the abundance of others, including miR‐133a.[39](#jah33746-bib-0039){ref-type="ref"} The present study is in agreement with these findings by demonstrating that the TA is also mechanically sensitive and elevated wall tension results in the short‐term reduction of miR‐133a. Although the application of ex vivo mechanical tension allowed isolation of the effects of tension alone on miR‐133a levels, it is well known that multiple factors influence wall tension in vivo. AngII is one factor that causes increased peripheral vascular resistance through interacting with its receptors and driving vasoconstriction, leading to elevated vascular wall tension. Therefore, using endothelial cell‐intact aortic rings, we demonstrated that *developed* tension in response to AngII reduces miR‐133a abundance. Interestingly, developed tension had a similar effect to the direct application of mechanical tension. Furthermore, this suggested that physiological changes in wall tension, such as the development of hypertension, may be sufficient to alter miR‐133a abundance in the vasculature.

When isolated aortic fibroblasts and SMCs were examined using a biaxial cyclic stretch paradigm mimicking the cardiac cycle, the short‐term reduction of miR‐133a abundance was observed in fibroblasts, but not in SMCs. Previous studies have suggested that fibroblasts are sensitive to changes in mechanical tension and respond by altering phenotypic characteristics, taking on a "synthetic" or mobile role.[40](#jah33746-bib-0040){ref-type="ref"}, [41](#jah33746-bib-0041){ref-type="ref"} In pathologic vascular remodeling, these synthetic fibroblasts become activated in the adventitia and migrate inward to the media, remodeling the ECM and enhancing vessel stiffness.[42](#jah33746-bib-0042){ref-type="ref"} Previous results from this laboratory defined changes in cellular makeup within the aortic wall during TAA formation, revealing that aortic dilation occurs simultaneously with vessel remodeling and the emergence of a population of active fibroblasts.[9](#jah33746-bib-0009){ref-type="ref"} When combined with studies demonstrating that both thoracic and abdominal aortic dilation is accompanied by the apoptotic loss of SMCs,[9](#jah33746-bib-0009){ref-type="ref"}, [43](#jah33746-bib-0043){ref-type="ref"}, [44](#jah33746-bib-0044){ref-type="ref"} it is believed that fibroblasts may be the key cellular mediator of aortic remodeling in TAA development. Because a single microRNA can regulate the translation of multiple targets, the present results may provide support for the idea that the short‐term loss of miR‐133a from aortic fibroblasts contributes to altered fibroblast phenotype and may contribute to the aberrant vascular remodeling that occurs during aneurysm development. This hypothesis will be addressed in future studies. Interestingly, when the isolated fibroblasts and SMCs were exposed to AngII in culture, no change in miR‐133a levels was observed. This suggested that the short‐term loss of miR‐133a abundance was not mediated by direct activation of the classic AngII pathway.

In this study, 3 mechanisms capable of regulating the abundance of miR‐133a were investigated. First, to determine if the reduction of miR‐133a in aortic fibroblasts was attributable to reduced miR‐133a transcription, primary miR‐133a transcript levels were quantitated after the application of mechanical tension. Because miR‐133a is transcribed from 2 separate locations within the genome, both primary miR‐133a‐1 and primary miR‐133a‐2 levels were examined. Although several studies have demonstrated that mechanical tension may alter transcription,[11](#jah33746-bib-0011){ref-type="ref"}, [12](#jah33746-bib-0012){ref-type="ref"}, [45](#jah33746-bib-0045){ref-type="ref"} tension had no effect on primary miR‐133a‐1 levels. Surprisingly, an increase in primary miR‐133a‐2 was induced; however, this was not sufficient to overcome the loss of mature miR‐133a observed. Therefore, it was concluded that tension‐induced reduction of mature miR‐133a was not a result of decreased transcription. Second, ribonuclease‐mediated degradation was examined. Three known exoribonucleases capable of degrading microRNAs are XRN‐1, XRN‐2, and ExoSC4.[23](#jah33746-bib-0023){ref-type="ref"}, [24](#jah33746-bib-0024){ref-type="ref"} Tension did not alter exoribonuclease mRNA expression or protein abundance, suggesting rapid degradation of miR‐133a was not likely mediated by exoribonucleases. Third, exosome secretion has been identified as an efficient mechanism for rapid reduction of cytoplasmic nucleic acids.[46](#jah33746-bib-0046){ref-type="ref"} In the present study, it was determined that acetylcholinesterase activity increased by ≈30% in exosomes precipitated from conditioned culture medium collected from stretched fibroblasts versus their static controls. This suggested that there was an increase in either size or number of exosomes secreted in response to stretch. Nonetheless, when normalizing for the amount of acetylcholinesterase activity, more miR‐133a was detected in the exosomes collected from the culture medium of fibroblasts exposed to stretch, suggesting increased packaging and export. Most important, when exosome secretion was arrested through inhibition of neutral sphingomyelinase 2, the tension‐induced reduction of miR‐133a in fibroblasts was abolished. Therefore, it was concluded that exosome secretion was the major mechanism responsible for the rapid loss of mature miR‐133a from aortic fibroblasts in the presence of elevated tension. Interestingly, cellular neutral sphingomyelinase 2 has been identified to be activated immediately (in \<1 minute) in response to elevated vascular pressure.[47](#jah33746-bib-0047){ref-type="ref"}, [48](#jah33746-bib-0048){ref-type="ref"} This pathway, which is largely initiated within caveolae located on the cell membrane, has been demonstrated to upregulate the secretion of exosomes in response to elevated mechanical stretch.[49](#jah33746-bib-0049){ref-type="ref"} Caveolae are primary sites for rapid mechanoinduced tyrosine phosphorylation of proteins and are considered mechanosensing organelles containing signaling molecules, including sphingomyelin and nonreceptor tyrosine kinases.[50](#jah33746-bib-0050){ref-type="ref"} Future studies classifying activation of these pathways in TAA may identify novel targets for therapeutic intervention.

The physiological relevance of these findings was determined in vivo through an examination of the effects of increased vessel wall tension on the aortic tissue levels of miR‐133a. For this approach, 2 unique murine models of hypertension were used. In the first model, hypertension was induced in mice by delivering AngII by osmotic pump infusion. The second uses a commercially available, spontaneously hypertensive mouse line (BPH2). In this model, it has been reported that hypertension is angiotensin independent through the observation of low circulating angiotensin I levels.[51](#jah33746-bib-0051){ref-type="ref"} In both models, elevated mean arterial blood pressures were confirmed and, as anticipated, miR‐133a was found to be reduced in the tissue of the descending TA. In a similar study performed by Castoldi and colleagues, hypertension was induced in Sprague‐Dawley rats by treatment with AngII via osmotic pump.[7](#jah33746-bib-0007){ref-type="ref"} After 4 weeks of hypertension, the levels of miR‐133a were found to be reduced in myocardial tissue.[7](#jah33746-bib-0007){ref-type="ref"} Although the loss of miR‐133a was inhibited with an AngII receptor blocker, irbesartan, this study was unable to determine whether this effect was mediated by AngII signaling or elevated tension.[7](#jah33746-bib-0007){ref-type="ref"} Interestingly, in the present study, both murine models of hypertension displayed increased plasma levels of miR‐133a. Although statistical significance was reached only in the BPH2 model, this may have been attributable to the time difference in exposure to elevated blood pressures. Although the AngII model of hypertension experienced elevated blood pressures for a total of 4 weeks, the hypertensive BPH2 mice (12--14 weeks of age when examined) had experienced hypertension since ≈5 weeks of age (a total of 7--9 weeks).[52](#jah33746-bib-0052){ref-type="ref"} These findings led us to the question of whether this effect could be similarly observed clinically in hypertensive patients. Accordingly, miR‐133a abundance was measured in the plasma of individuals with and without documented hypertension. Plasma levels of miR‐133a were increased in the hypertensive group. This is in agreement with a previous study from this laboratory when investigating circulating microRNA levels in patients with elevated TA wall tension from TAA.[53](#jah33746-bib-0053){ref-type="ref"} In this past study, it was demonstrated that plasma miR‐133a levels were elevated in patients with TAA compared with healthy controls. Combined with these past findings, the present results confirmed that in vivo elevated tension was sufficient to induce the loss of miR‐133a in the aortic tissue (mouse) and concomitantly demonstrated an association with increased circulating levels of miR‐133a (mouse and human).

The present study is not without limitations. First, the effects of tension were determined on miR‐133a alone. Although increasing evidence highlights the role miR‐133a plays in maintaining tissue homeostasis, it is anticipated that the abundance of other microRNAs may also be altered with elevated tension. Accordingly, we are unable to conclude whether tension‐induced secretion of miR‐133a in exosomes is limited to miR‐133a or is a characteristic of a specific group of microRNAs. Second, after 3 hours of stretch, the amount of exosomes secreted into the cell culture medium was not sufficient to be detected above that of the exosome‐depleted medium alone, suggesting 3 hours was insufficient for the detection of de novo synthesis of exosomes. Therefore, the length of time was increased to 18 hours, which was sufficient in demonstrating an increase in exosomes with stretch. Third, murine blood pressures were assessed using a noninvasive tail‐cuff system. This system routinely reports systolic and diastolic pressures that contribute to a normotensive MAP of ≈120 mm Hg in untreated wild‐type mice.[54](#jah33746-bib-0054){ref-type="ref"} Although a MAP of this value would typically be considered hypertensive, these results are consistent with other investigators using the CODA system for measuring murine blood pressure.[54](#jah33746-bib-0054){ref-type="ref"} Therefore, we assessed the relative difference between the groups of mice and were able to determine a significant increase in the blood pressure measurements in both murine models of hypertension. Fourth, although circulating levels of miR‐133a were identified to be significantly elevated in the clinical plasma samples taken from hypertensive patients, the sample size of measurements was limited, preventing advanced modeling of the correlation between pressure and miR‐133a abundance. Last, all hypertensive patients in this study were actively being treated with antihypertensive agents at the time of blood collection. Despite this, blood pressures and plasma levels of miR‐133a were significantly elevated compared with the nonhypertensive control group.

Taken together, the results of this study have identified a specific tension‐sensitive mechanism by which miR‐133a was reduced in aortic fibroblasts through the packaging and secretion of exosomes. These current findings hold significance with regard to the potential advancement in understanding the role of miR‐133a in the regulation of TA remodeling and even suggest the possibility of using circulating levels of this microRNA to detect or monitor the progression of pathologic conditions associated with adverse vascular wall tension.
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